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Opto-nanomechanical spectroscopic material
characterization
L. Tetard1†, A. Passian1,2,3*, R. H. Farahi1,3, T. Thundat4 and B. H. Davison1,3
The non-destructive, simultaneous chemical and physical characterization of materials at the nanoscale is an essential and
highly sought-after capability. However, a combination of limitations imposed by Abbe diffraction, diffuse scattering,
unknown subsurface, electromagnetic ﬂuctuations and Brownian noise, for example, have made achieving this goal
challenging. Here, we report a hybrid approach for nanoscale material characterization based on generalized
nanomechanical force microscopy in conjunction with infrared photoacoustic spectroscopy. As an application, we tackle the
outstanding problem of spatially and spectrally resolving plant cell walls. Nanoscale characterization of plant cell walls and
the effect of complex phenotype treatments on biomass are challenging but necessary in the search for sustainable and
renewable bioenergy. We present results that reveal both the morphological and compositional substructures of the cell
walls. The measured biomolecular traits are in agreement with the lower-resolution chemical maps obtained with infrared
and confocal Raman micro-spectroscopies of the same samples. These results should prove relevant in other ﬁelds such as
cancer research, nanotoxicity, and energy storage and production, where morphological, chemical and subsurface studies
of nanocomposites, nanoparticle uptake by cells and nanoscale quality control are in demand.
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inimally invasive, label-free and nanoscale spatial and
spectral measurement capabilities that simultaneously
yield morphological and chemical mapping within
the native matrix of materials is of importance. Traditional lightbased microscopy techniques cannot provide nanometrescale (sub-100 nm) details because of the diffraction limit.
Although lacking chemical recognition in their traditional forms,
the various emerging modalities of nanomechanical1,2 and optonanomechanical3 force microscopies4–7 offer potential solutions8.
Infrared absorption spectroscopy is a powerful, non-destructive
and ultra-sensitive technique that can provide the needed chemical
ﬁngerprinting9, but the photothermal channel is delocalized and
thus, as in other optical-based techniques commonly used for soft
matter characterization, limited in spatial resolution. The current
lack of high spatial resolution, broadband mechanical and mid- to
long-range infrared spectroscopy correlated to the local subsurface
and surface morphology is a major drawback in material characterization, preventing high-ﬁdelity analysis and interpretation of the
structural components of many complex samples such as
biomass8. The nanometrology of heterogeneous samples requires
multimodality. The analysis of plant cells is challenging10 due to
strong morphological inhomogeneities and canals with dimensions
on the scale of micrometres (as measured in Fig. 1 for Populus) and
also the biomolecular complexity (in the form of an intertwined
multilayer three-dimensional network of lignin, hemicellulose and
cellulose)11,12. The former imposes a particular impediment for scattering-type approaches due to the severe topographical variations
occurring at length scales far below the diffraction limit of infrared
scattering, while the latter places high demands on the spectral resolution and bandwidth to achieve adequate chemical differentiation.
It has been recognized that understanding the synergetic response of
cell wall constituents will reveal new insights towards optimizing the
chemical treatment and conversion of biomass in the large-scale
capitalization of lignocellulosic biofuel10,13–15. Quantifying the

nanoscale architecture of the plant cell wall is a critical strategy to
overcome biomass recalcitrance16, by gaining a deeper knowledge
of the length, extent and crystallinity of the cellulose ﬁbrils17 that
reduce the cellulase process18. Moreover, nanometrology of
biomass is important for obtaining the nanoscale pore size and
matrix distribution that describe the cell wall porosity19, both of
which affect enzymatic hydrolysis20. However, plant cell organization and subcellular structures have not been consistently
mapped, adding a further bottleneck to identifying the responses
—down to the nanoscale—to particular chemical treatments. Our
preliminary studies suggest that chemical treatments of biomass
(Fig. 1a–d) can cause signiﬁcant amorphousness (Fig. 1c,d), further
deteriorating nanomechanical and electromagnetic probing because
of the reduced structural integrity and thermo-optically elevated
temperature (see Supplementary Section 3 regarding the excitation
laser power setting, and Supplementary Fig. 15 for confocal Raman
validation studies of the samples). As a result, acquiring nanoscale
topographic features in conjunction with mechanical and chemical
information at the same scale requires innovative measurement
technologies that can encompass a wide range of sample states.
Here, we introduce a hybrid photonic–nanomechanical force
microscopy (HPFM) (Fig. 2) and molecular recognition technique,
and demonstrate its multimodality by characterizing the effects of
extraction, holopulping and the acid treatment of biomass21, a
chemical sequence that is shown here to alter the specimen both
morphologically and compositionally.

A hybrid photonic–mechanical approach
The core dynamics of HPFM is based on (1) the nanomechanical
sum and difference frequency generation2 that occurs as a result
of the nonlinear form of the probe–sample interaction as a function
of their separation distance22 and (2) the dynamic effect of virtual
resonance22, whereby oscillations at any mixed frequency generated
can be ampliﬁed. In HPFM, the energy required for the probe
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Figure 1 | Biomass study at various chemical processing stages involved in biofuel production. a–d, Topographic measurements with atomic force
microscopy of 20-μm-thick cross-sections of Populus, a biomass feedstock, revealing certain morphological alterations during the chemical processing cycle.
e, Three-dimensional rendition of the studied cross-section (green extrusion) obtained from numerically processing the topographic information (gold
surface) of fresh Populus. f, Model segment deﬁning the regions of cell wall, lamella and cell corners (not to scale). g, Example of the computationally
determined elastomechanical deformation eigenmodes of the studied cross-section. Expressed in a colour scale corresponding to the un-normalized relative
displacement, sample excitation in HPFM may lead to oscillatory modes with frequencies that depend on the material properties and geometric features.

(represented by ‘p’) oscillations (ωp,i , i = 0, 1, 2,…), the sample (‘s’)
oscillations (ωs,j , j = 0, 1, 2,…) or both (see Fig. 2 for set-up and
Supplementary Fig. 6 for notation) can be provided either elastically
via a piezoelectric transducer (PZT) or photoacoustically via the
available photon absorption bands of the sample material, as
shown in the representation of HPFM in Fig. 2. To achieve a simultaneously high spatial and spectral resolution spectroscopic capability, HPFM invokes a photonically induced sample oscillation
(ωs,j ) that participates in frequency mixing (Supplementary
Sections I.1 and II.5). In doing so, for a targeted absorption band
of the sample, we ﬁrst determine an optimum amplitude modulation frequency (ωs,j = Ω) of the photon excitation source that is
consistent with the thermal relaxation of the material
(Supplementary Sections II.1, II.5 and II.6). HPFM then makes
use of the virtual resonance22 (Supplementary Section II.4) by
tuning the frequency of a selected mixed mode ω to coincide with
Ω and allowing the photonically induced oscillations to amplify
the selected mode. This hybrid approach provides surface, subsurface and spectral measurement channels and high-resolution
imaging modalities, regardless of whether the sample is biological
or non-biological in origin (Supplementary Section I). Here,
biomass is explored at a level of detail not previously reported.
In HPFM, for a given sample at location r, the wavelengthdependent force amplitude as(r , λ) implicitly represents the spectral
property of the biomass, via the induced temperature distribution
and modulation, and the ensuing local thermal expansion and
2

relaxation at r (Supplementary Sections II.1 and II.5).
Subsequently, for i = 2 (two single frequency probe forcings ωp,1
and ωp,2), virtual resonance is invoked by setting the modulation fre Ω) of the QCL to amplify the probe oscillation at
quency (ωQCL
s
ω– = |npωp,1 + mpωp,2|, the lowest-lying difference frequency synthesized, that is, when np = 1 and mp = −1 (Supplementary Section
II.5). For clarity, the essence of the HPFM dynamics can be captured
by the following coupled partial differential equation system:
⎧ (4)
r , t) =
[∂x+ α ∂(2)
⎪
t + β∂t + γ]u(
⎪
⎪
⎪
ap,i [A sin (ωp,i t + fp,i ) + B cos (ωp,i t + fp,i )]
⎪
⎪
⎪
i
⎨


+ f (u(r , t)|x=L − s(r , t))
⎪
⎪
(2)
′
′
⎪
⎪
⎪ [∂t + α ∂t + β ]s(r , t) =


⎪
⎪
⎩ as (r , λ) sin(ωQCL
t + fQCL
) + c f (u(r, t)|x=L − s(r , t))
s
s
(n)
where ∂(n)
x and ∂t denote the nth partial differentiation with respect
to space and time, respectively, and α, β, γ, A and B are probe
material-dependent constants, u and s are the probe and sample
surface dynamic states, α′ and β′ are sample material-dependent
constants, and c and f describe the probe–sample coupling (for a
semi-empirical form of f see ref. 22). Thus, probe oscillations at
ω– corresponds to the amplitude δ(ω – ω–)|F{u(x0 , t)}(ω)|2, where
x0 represents the position on the probe where the laser deﬂection
detection occurs and δ is Dirac’s delta function. The detected
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Figure 2 | Experimental set-up of HPFM. Various photon sources (via the photoacoustic channel) and multiple waveform generators (via the PZT, lead
zirconate titante) supply mechanical energy to the sample and the probe to generate a time (t) domain signal S(t) that can be detected by the positionsensitive detector (PSD) and analysed in the frequency (ω) domain. S(t) will carry the amplitude modulation of period T (frequency Ω) imposed by the
external cavity (EC) QCL or the interferometric amplitude modulation imposed by the pulses (labelled I1, I2) from the broadband source through the ZnSe.

amplitude and phase of the probe oscillation at ω– may then be optimized by tuning Δϕp,i. The coherent property is noted to be crucial
because, in the case of non-coherent excitations (independent external sources), signal ﬂuctuations lead to image distortion (compare
areas 1, 2 and ‘QCL off’ in the proﬁles of Supplementary Fig. 25).

Chemical and morphological differentiation of plant cells
A feedstock of interest to biofuel research18,23 is Populus deltoides24,
which we aim to characterize using HPFM. A set of 20 μm
cross-sections of Populus stems21 (Fig. 2; see Methods and
Supplementary Section II.1) were immobilized on a ZnSe substrate.
To determine whether electromagnetic excitation will yield adequate
sample actuation through photothermal infrared absorption, we
carried out micro-infrared spectroscopy (Supplementary Fig. 21)
of the fresh Populus cross-sections and observed characteristic
bands in the ranges 3,600–2,700 cm−1 (hydrogen stretching) and
1,800–700 cm−1 (ﬁngerprint region). In HPFM, photothermal
actuation (see Supplementary Section I.1.1 for the photothermal
nature of the detected signal) is achieved either with amplitudemodulated infrared radiation from a tunable external cavity
quantum cascade laser (QCL; Supplementary Sections I.2.1, II.5
and II.7 and Supplementary Figs 5 and 22) or from a broad-spectrum
non-coherent thermal source (Supplementary Sections I.2.1, II.7
and II.8). The QCL can achieve fast amplitude modulation but
narrow spectral tunability in the mid-infrared (1,250–1,000 cm−1),

that is, within the molecular ﬁngerprint region, while the thermal
source offers a broad wavelength range but limited amplitude
modulation (Supplementary Sections I.2.1 and II.7). For a given
thermal diffusivity of the sample, the modulation frequency is
used here to control the thermal diffusion length (noting the
nanoscale variation in the thermophysical properties; for
example, the thermal expansion coefﬁcient for lignin is about
twice that of cellulose). To further explore biomass recalcitrance
we used a sequence of cross-sections that had been subjected to
the recently reported chemical processing steps of extraction, holopulping and acid treatment (Supplementary Section II.1)21. Such
treatments are intended to alter the biomass, via cell wall deconstruction, into a state in which lignin has largely been removed,
thereby permitting a more efﬁcient release of the sugars embedded
in the cell walls10 for ethanol fermentation. However, the effects of
such chemical processing on the structures and composition at the
nanoscale remain unknown. Here, we show that HPFM can
provide both the structural and compositional information that
is required.
Figure 3 shows the ﬁrst results of biomass chemical characterization at the nanoscale, obtained with HPFM. To acquire the
images, a coherent (Δϕp,i = const.) set of mechanical excitations
Fp = ∑iap,i × sin(ωp,it + ϕp,i) was applied to the base of the cantilever
probe (Supplementary Section II.5 and Supplementary Fig. 18),
while an amplitude-modulated QCL, tuned to a predetermined
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Figure 3 | HPFM characterization of biomass revealing nanoscale features. The photonic (QCL) actuation of the sample (s) is labelled hv, while the lowestlying difference frequency and sample oscillation frequency are denoted by ω– and ωs , respectively. The QCL wavelength is tuned to λ = 987.73 cm−1 with an
amplitude modulation of Ω = 26 kHz, and the probe (p) drive frequencies are ωp,1 = 3.826 MHz and ωp,2 = 3.800 MHz. Blue dashed lines are guides to the
locations of the cell wall (CW) and middle lamella (ML). a, Amplitude (Rω ) image without photonic actuation. b, Amplitude image with photonic actuation.
c, Phase (ϕω ) image with photonic actuation. d, Phase image without photonic actuation. e, Phase image with photonic actuation but in the absence of
mechanical excitation, with the areas of reduced compositional distinction outlined with green dashed lines. f, Phase image with photonic actuation.
Difference mode images without photonic actuation (hv) (a,d) show the sample morphology. Monochromatic image acquisition using virtual resonance
furnishes mode synthesizing with chemical information (b,c,f). QCL-driven photonic actuation reveals nanoscale regions rich in cellulose (c,e) not observed
in the absence of photonic actuation (a,d) or in the absence of mechanical excitation (e).

(Supplementary Sections I.2.1, II.4 and II.7) wavelength λ, induced a
t + fQCL
), where aij and ϕij
sample forcing Fs = as (r ,λ) sin (ωQCL
s
s
denote the jth force amplitude and phase, respectively, applied to
is the phase of
the probe i = p or to the sample i = s, while fQCL
s
the QCL-induced forcing on the sample.
Under these conditions (Supplementary Section II.9) we
obtained the systematic series of high-resolution monochromatic
HPFM amplitude and phase maps presented in Fig. 3, which
represent the heterogeneous biomass response activated by its
chemical composition. We ﬁrst acquired the sample morphology
using only mechanical excitations (that is, nanomechanical
imaging), as shown in the amplitude and phase images in Fig. 3a,d,
respectively, which reﬂect mechanical dispersion in elasticity
and density. Subsequently, the QCL was engaged and tuned to
λ = 987.73 cm−1, where lignin exhibits a relatively weaker absorption
than cellulose (Supplementary Fig. 20), producing the HPFM
amplitude (R) and phase (ϕ) images in Fig. 3b,c, respectively,
which expose the cellulose-rich complexes. To assess the photonic
contribution, the mechanical actuation was turned off (Fig. 3e).
Although a subsurface contribution is implicit, imaging with the
4

photonic excitation alone gave limited resolution and therefore
reduced the compositional distinction, as shown in Fig. 3e (green
dashed lines). However, on increasing the amplitude of the mechanical forcings (at ωp,1 and ωp,2), much ﬁner details of the cellulose distribution were observed in the amplitude (Fig. 3b) and phase
(Fig. 3c,f ) signals that were absent in the green marked regions in
Fig. 3e. For reference, when the same region of the sample was
imaged without photonic actuation (labelled hν), no inner nanoscale features of the middle lamella (ML) and cell wall (CW) could
be observed (Fig. 3a,d). Thus, Fig. 3 demonstrates new spatially
resolved chemical information about the subcellular structure of
the plant cell walls that cannot be obtained from either mechanical
or photonic actuation alone, but is retrieved by the critical hybrid
actuations. An interpretation of the brighter regions in Fig. 3f
and in Fig. 4a,c as discontinuous cellulose-rich areas in the cell
structure may be corroborated, albeit at lower resolution (∼300 nm),
by carrying out confocal Raman imaging of the same samples
(Fig. 4b,d,f,h and Supplementary Fig. 2). In Fig. 4, while lacking
the resolution, information content and subsurface features of
HPFM, a cluster analysis of the Raman data does broadly assign
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Figure 4 | Nanoscale characterization of chemical processing. a–h, Imaging with HPFM (a,c,e,g) at λ = 1,052.63 cm−1 complemented with confocal
Raman (b,d,f,h) 20 μm × 20 μm images of the sequence of chemical treatments carried out on the cross-section of fresh (a,b), extractive-free (c,d),
holopulped extractive-free (e,f), acid-treated holopulped extractive-free (g,h) Populus. From cluster analysis of the Raman data the detected molecular traits
are shown colour coded in b,d,f,h, as indicated in the legend.

the cellulose-rich regions to the outer and middle regions of the cell
wall and locates the lignin at the lamella and cell corners (see
Supplementary Section II.3 for the colour assignment of the clusters),
validating the HPFM observations (Supplementary Section I.3).
Importantly, our analysis agrees well with lower-resolution studies
using time-of-ﬂight secondary ion mass spectrometry10,21. The cell
wall structures in the HPFM images of Fig. 4a,c,e,g appear less distinctive in the holopulped extractive-free (Fig. 4e) and acid-treated

holopulped extractive-free (Fig. 4g) processes, suggesting the
lignin was largely removed (blue dashed lines in Supplementary
Fig. 26e), leaving behind a matrix of cellulose and hemicellulose.
The remaining structures appear to have been adapted to a more
amorphous form (see changes in roughness of regions a1–a3
in Supplementary Fig. 26c–f ). We also observed Raman shifts
from 1,463 cm−1 in the fresh sample to 1,467 cm−1 after acid treatment, as well as an associated broadening of the H–C–H bending
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Figure 5 | Broadband nanospectroscopy with HPFM. a–c, Topographic images showing the sample (s) loci A–E where localized measurements were performed.
Dashed lines are used as guides to cell walls and corners. d–f, Infrared spectra acquired at loci A–E. The hydrogen-stretching region (3,600–2,700 cm−1)
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with a functional group and/or a type of vibration, as annotated. Inset in d: measurement modality with the probe (p) driving frequencies (ωp,1 , ωp,2), the
broadband photonic source (hv) and the detected signal S(t) shown. The spectra in f compare the varying cellulose concentrations at multiple locations
(C–E) identiﬁed in c.

from 23.9 to 30.1 cm−1 full-width at half-maximum (FWHM)25
(see Supplementary Section II.3 for a discussion on the Raman
analysis of the cellulose conformational state). Thus, HPFM reveals
a myriad of additional nanosized chemical features of the cell wall
architecture, laterally resolved for the ﬁrst time, at sub-20 nm
(estimated transitively, Supplementary Section I.2.3). A higher
lateral resolution is expected to be achievable if infrared beams
with wavelength-independent proﬁles (Supplementary Fig. 5) and
specialized signal processing (Supplementary Section I.2.4) are
used. The phase results in Fig. 3c,f may be compared to an independent purely mechanical measurement of biomass elasticity for validation (see Supplementary Fig. 27 for the nanoscale determination
6

of Young’s modulus). Interestingly, cell walls were found to exhibit
a higher Young’s modulus (>2.5 MPa), with a low deformation
at the point of contact, than the middle lamella (∼1.7 MPa), with a
behaviour comparable to an adhesive-like soft material (see
Supplementary Section II.10 for the hysteresis in the force curves),
a result that conﬁrms the HPFM measurements.
Guided by these ﬁndings, we performed a series of localized
measurements across the cell wall and obtained broadband spectra
(Fig. 5; see Supplementary Section II.9.1 and Supplementary
Fig. 24 for additional localized QCL-based analysis). By means of
Fourier analysis of the signal S(t) (Fig. 2) while subjecting the
sample to an interferometric source, the HPFM can spectrally
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interrogate nanoscale regions of the cell walls (see Supplementary
Fig. 29 and Supplementary Section II.11.2 for the frequency
content of S(t) and Supplementary Fig. 31 for the advantage of
using frequency mixing in HPFM). The results are shown in
Fig. 5 for multiple loci within the cell wall. The compositional
changes may be monitored by the relative differences between the
3,600–2,700 cm−1 (hydrogen stretching) region and the 1,800–
700 cm−1 (ﬁngerprint) region (Supplementary Section II.11). As
can be seen in Fig. 5a, the spectra obtained from the locations
rich in cellulose exhibit a higher magnitude in the 1,500–
1,000 cm−1 region compared to those acquired from other regions.
This response can be attributed to the strong absorption band of
C–O stretching of cellulose at 1,200–1,000 cm−1. Furthermore,
C=O stretching can also exhibit bands around 1,700 cm−1.
The stretching of the aromatic structures of lignin gives a band
around 1,500 cm−1. The absorption bands observed in the 3,600–
2,700 cm−1 region correspond to O–H stretching (∼3,200 cm−1)
and aliphatic C–H stretching (∼2,800 cm−1). By direct comparison
of the spectra presented in Fig. 5 and the infrared spectra of pure
Avicel cellulose and lignin (Supplementary Fig. 20), we determined
that lignin tends to have a broader O–H stretching band at
3,600 cm−1, which can potentially be used as a direct point of comparison. In addition, after holopulping, localized measurements
indicate the absence of lignin in the remaining structures of the
samples (Supplementary Fig. 32 shows a comparison of the representative spectra obtained at a lignin-rich area of the extractivefree Populus sample and on the holopulped sample). The images
in Figs 3 and 4 show the morphological losses of substructures
with the removal of lignin, while the localized spectra of the cell
walls in Fig. 5 yield the corresponding variation in the chemical
composition of the walls. The observed lignin and cellulose distributions in the HPFM images were found to be consistent with
cluster analysis of the confocal Raman microscopy data (Fig. 4b,d,f,h),
and the acquired cell wall nanospectra (Fig. 5) were also in good
agreement with micro-infrared spectroscopy (Supplementary
Fig. 21). The broader absorption of the O–H stretching band of
lignin could be detected at 3,600 cm−1 and the variations in the
absorption of the C=O groups (1,800–1,700 cm−1), C–O stretching
(∼1,000 cm−1) and aromatic groups (1,600–1,500 cm−1) of the
ﬁngerprint region could be observed.

Conclusions
The concept of hybrid coherent frequency mixing, that is, joint
elastic–photoacoustic sum and difference frequency generation,
has the potential to open highly sensitive channels for nanoscale
spectroscopy. With this concept in mind, we have introduced
HPFM, a new material characterization capability that simultaneously provides nanoscale chemical, topographic and subsurface
information. We have demonstrated that HPFM offers a viable
means for nanospectroscopy and therefore a dynamic platform
for nanoscale hyperspectral imaging that circumvents the diffraction
limit. For the case of biomass, the presented results for the ﬁrst time
show the molecular traits of untreated and chemically processed
plant cell walls at the nanoscale that heretofore had remained
elusive. Taking into account the sensitivity of HPFM and previous
nanomechanical-based studies of mammalian cells26, we expect
HPFM to have a broad impact on soft matter characterization, in
particular systems containing carbohydrates, lipids or polymers.
We envision that the presented results will have a broad application space encompassing biology, nanomedicine26,27, pharmaceuticals, quality control28,29, ion implanted and doped materials,
nanocomposites30, nanocavities31 and quantum dots32.

Methods
Methods and any associated references are available in the online
version of the paper.
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Methods

Biomass samples. Populus deltoides, used as a reference system in our studies, is also
known as the eastern cottonwood. The cross-sections obtained from the Populus
deltoides stems sample, grown at the National Renewable Energy Laboratory (NREL)
and harvested between 2007 and 2008, were sequentially treated with Soxhlet
extraction, holopulping and acid treatment. Cross-sectioning was carried out as
20-μm-thick layers using a Leica CM 3050S (Leica Microsystems) equipped with
disposable steel blades. Contamination from embedding medium was avoided
by attaching the sample to a metal stage.
Chemical processing. Chemical treatments were carried out on cross-sections to
remove certain components, such as lignin. The same treatments are known to
remove the same components when performed on larger chips or in bulk processing.
Thus, observations made on the cross-sections at various treatment phases can be
considered to be accurate for the bulk biomass samples and treatments.
Extraction. Following standard procedures, the cross-sections were placed in the
extraction thimble of a Soxhlet apparatus, with the extraction ﬂask ﬁlled

ARTICLES

with CH2Cl2. After air-drying, the extractive-free cross-sections were stored
between two glass slides to preserve the morphology of the sample and to
avoid contamination.
Holocellulose pulping. Following extraction, the holopulping process was
performed following standard procedures by oxidative treatment with
NaClO2 (1.30 g per g sample) and acetic acid (0.14 M, 375 ml) in a sealed
plastic pouch (Kapak Corporation), followed by a reciprocating water bath at
70 °C for 1 h; three repetitions were necessary to isolate holocellulose.
After ﬁltration, deionized (DI) water wash, and air-drying overnight, the
extractive-free holopulped cross-sections were stored between two glass
slides to preserve the morphology of the sample and avoid contamination.
Cellulose isolation. Following holopulping, hemicellulose was removed according to
standard protocols by acid hydrolysis with HCl at 100 °C for 4 h. After ﬁltration, DI
wash and air-drying, the extractive-free holopulped acid-treated cross-sections were
stored between two glass slides to preserve the morphology of the sample and to
avoid contamination.
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